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ABSTRACT: We report antibacterial, antibiofilm, and bio-
compatible properties of surface-immobilized, quaternary
ammonium-containing, resin acid-derived compounds and
polycations that are known to be efficient antimicrobial agents
with minimum toxicities to mammalian cells. Surface
immobilization was carried out by the employment of two
robust, efficient chemical methods: Copper-catalyzed azide−
alkyne 1,3-dipolar cycloaddition click reaction, and surface-
initiated atom transfer radical polymerization. Antibacterial
and antibiofilm activities against Gram-positive Staphylococcus
aureus and Gram-negative Escherichia coli were strong. Hemolysis assays and the growth of human dermal fibroblasts on the
modified surfaces evidenced their biocompatibility. We demonstrate that the grafting of quaternary ammonium-decorated abietic
acid compounds and polymers from surfaces enables the incorporation of renewable biomass in an effective manner to combat
bacteria and biofilm formation in biomedical applications.

■ INTRODUCTION

Microorganisms form biofilms on surfaces as a protective
lifestyle in hostile environments.1−3 These sessile communities
often develop from single planktonic cells into a three-
dimensionally organized and remarkably complex community
of microorganisms encapsulated within an emergent polymeric
matrix.4−7 Depending on the type of microorganisms and the
environment in which they live, the biofilms are characterized
by structural heterogeneity, genetic diversity, and complex
community interactions.5,8,9

Biofilms have become problematic in agricultural, industrial,
environmental, and clinical settings.10 Microbes in these
resilient structures are inherently resistant to antimicrobial
agents and have become a major cause of infectious
diseases.11−14 Many human diseases, such as dental caries,
otitis, necrotizing fasciitis, and cystic fibrosis-related pneumo-
nias, are related to bacterial biofilms.13 Bacterial biofilms
produced on the surfaces of medical implants including
catheters, heart valves, pacemakers, stents, prosthetic joints,
and contact lenses are a significant issue that poses a
considerable threat to patient morbidity and mortality and
incurs substantial increases in healthcare costs each year.12

Despite the presence of advanced sterilization techniques, it
is still difficult to eradicate biofilms and maintain sterility
without frequent use of disinfectants. Therefore, there is an
ever-growing demand for surfaces with inherent antimicrobial
properties that can prevent bacterial colonization on them.

Many methods for the antimicrobial modification of surfaces
have been developed.15,16 Such methods include impregnating
antimicrobial nanoparticles,17 grafting small molecules having
antimicrobial properties18 or antimicrobial polymers on
surfaces,19−22 coatings with antiquorum sensing molecules,23

loading antibiotics into surface matrices for slow release,24

photoactivated surfaces,25 changing hydrophobicity,26 and
modifying surface nanotopography.27

Contact-active coatings, which kill bacteria upon contact, can
be fabricated with chemically immobilized quaternary ammo-
nium (QA) antimicrobial agents. Cationic surfaces made up of
covalently attached materials such as QA organosilanes,28−30

antimicrobial peptides,19,31 and QA containing alkylated
polymers such as polyvinylpyridines,32 polyethylenimines,33

poly(2-(dimethylamino)ethyl methacrylate),34,35 hyperbranced
polyurea,36 and many others37,38 are known to be bactericidal.
These materials are being studied extensively due to their ease
of synthesis, self-sterilization properties, and long-lasting
activities compared to other methods. Widespread utilization
of such surfaces has necessitated the integration of sustainable
materials for low-cost, noncytotoxic, and environmentally
friendly antimicrobial surfaces.
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In earlier efforts, we found that the modification of natural
resin acids (from gum rosin) into quaternary ammonium
compounds is a promising method for the preparation of highly
effective antimicrobial agents, which kill bacteria via selective
bacterial membrane lysis while exhibiting high biocompati-
bility.39−41 Herein we report the surface modification using
low-cost resin acid derived cationic compounds and polymers
to obtain effective antimicrobial and antibiofilm surfaces
(Figure 1).

The copper-catalyzed azide−alkyne 1,3-dipolar cycloaddition
(CuAAC) click reaction was used to graft the cationic
molecules to the substrate surfaces. Surface-initiated atom
transfer radical polymerization (SI-ATRP) was used to
functionalize substrate surfaces with cationic polymers.
Although architecturally simple, these novel materials demon-
strated promising antimicrobial properties with an increased
resilience to bacterial biofilm formation against both Gram-
positive and Gram-negative bacteria. Additional investigations
revealed high levels of biocompatibility, illustrated by enhanced

Figure 1. Illustration of resin acid derived cationic compounds and surfaces. (a) Compound 1 containing an alkyne functionality and the monolayer
surface. (b) Methacrylate functionalized resin acid compound 2 and the polymer grafted surface.

Scheme 1. Grafting of Antimicrobial Materials on Surfacesa

a(a) grafting a monolayer of compound 1 and (b) grafting the polymer with pendant cationic abietic acid derivative.
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human dermal fibroblast (HDF) growth and low hemolysis of
red blood cells.

■ EXPERIMENTAL SECTION
Materials. Abietic acid (85%), maleic anhydride, N,N-dimethyla-

minoethylamine (DAEA), propargyl alcohol, triethylamine (TEA), p-
toluene sulfonic acid (PTSA), bromoethane, α-bromoisobutyryl
bromide (BIBB), (3-aminopropyl)triethoxysilane (APTES), sodium
bicarbonate, calcium chloride, 3-chloroprapanol, sodium azide,
methacryloyl chloride, copper(I) bromide, N,N,N′,N′,N″-pentame-
thyldiethylenetriamine (PMDETA), sulfuric acid, hydrogen peroxide,
ethyl acetate, copper sulfate pentahydrate, and sodium ascorbate were
purchased from Sigma-Aldrich, VWR, or Fisher Scientific and used as
received. According to procedures reported in literature, (3-
azidopropyl)trimethoxysilane (AzPTMS),42 bromotriethylorthosilicate
(BrTEOS),43 and 3-azidopropyl methacrylate44 were prepared. QA
containing resin acid derived compound 1 was synthesized, following
our recent report.41 Acetic acid, dichloromethane (DCM), ethyl
acetate, ethanol, hexane, diethyl ether, methanol, toluene, tetrahy-
drofuran (THF), and N,N-dimethylformamide (DMF) were obtained
as ACS grade solvents. Standard protocols were followed to dry
solvents or reagents. All other chemicals used for biological assays will
be mentioned in the respective sections.
Methacrylate Monomer (Compound 2) Synthesis. Compound

1 (8.97 g, 14 mmol, 1.0 equiv) and 3-azidopropyl methacrylate (3.07 g,
18 mmol, 1.25 equiv) were charged to a 100 mL round-bottom flask
and dissolved in 60 mL of dry DMF. The flask was placed in an ice
bath and stirred while bubbling nitrogen for 20 min. Cu(I)Br (80 mg,
0.558 mmol, 0.04 equiv) and PMDETA (125 mg, 0.721 mmol, 0.05
equiv) were dissolved in 2 mL of dry DMF under a nitrogen
atmosphere and added to the reaction vessel. The flask was removed
from the ice bath and allowed to heat to room temperature and react
overnight. Upon completion of the reaction, the crude product was
diluted in DCM and washed several times with aqueous/brine
solution. The organic layer was then concentrated by rotoevaporation,
precipitated twice in cold diethyl ether, and vacuum-dried. Yield: 70%.
1H and 13C NMR were recorded on a Bruker Avance III HD 300
spectrometer. 1H NMR (300 MHz, CDCl3) δ (ppm): δ 7.53 (s, 1H,
CCHN); 6.09 (s, 1H, CHHCCO); 5.60 (s, 1H, CHH
CCH3); 5.33 (s, 1H, CHC); 5.21 (m, 2H, CCH2OCO); 4.50 (t,
2H, CH2CH2ONN); 4.20 (t, 2H, CH2CH2OCO); 3.79 (t, 2H, O
CNCH2CH2); 3.75 (t, 2H, OCNCH2CH2); 3.60 (m, 2H, N +
CH2CH3); 3.39 (s, 6H, N + (CH3)2); 2.89 (m, 1H, CHCHCO);
2.56 (d, 1H, CH2CCHCO); 2.36 (s, 3H, CH3CCH2); 2.33 (m,
1H, CH2CHCCH). 13C NMR (300 MHz, CDCl3): δ (ppm) 178.5
(CH2CCOO); 178.2−177.1 (OCNCO); 167.1 (CH3CC
OO); 147.3 (CHCCHC); 143.1 (NCHCCH2); 136.0 (CH3C
CH2); 126.1 (NCHCCH2); 124.6 (CHCCHC); 124.0 (CH3C
CH2); 61.2−59.9 (CH2CH2N

+ and CH3CH2N
+). Mass spectrometry

was conducted on a Waters Micromass Q-Tof mass spectrometer, and
the ionization source was positive ion electrospray. ES-MS: m/z
706.4540 (theoretical m/z: 706.4544 + H+ without Br−).
Preparation of Antimicrobial Surfaces. Scheme 1 illustrates the

synthetic route used for the preparation of the antimicrobial surfaces.
As a fundamental study, glass substrates were used for the surface
modifications. Glass slides were cut to the desired size (1.2 mm × 10
mm × 25 mm) and immersed in a solution of Piranha (H2SO4/H2O2,
3:1) at 50 °C for 3 h with occasional swirling. The surfaces were then
carefully and thoroughly washed with DI water until the pH reached
7.0 and placed in an oven (120 °C) for 2 h. Later, they were
transferred into a homemade reactor containing dry solutions of
AzPTMS or BrTEOS (10 mM) in dry toluene. After assuring that all
surfaces were completely immersed, the flask was heated at 110 °C for
24 h. The surfaces were purified by washing them thrice with toluene,
ethanol, and acetone, consecutively.
A solution of compound 1 was prepared by dissolving it (318 mg,

0.5 mmol, 1.0 equiv) in DMF (40 mL) and stirring for 10 min. Then
azide-grafted surfaces (S2) were placed in the homemade reactor
containing the solution along with CuSO4·5H2O (12.6 mg, 0.05 mmol,

0.1 equiv) in water (5 mL). The flask was covered and purged with
nitrogen for 15 min. Sodium ascorbate (20 mg, 0.1 mmol, 0.2 equiv)
in water (5 mL) was transferred using a needle. This flask was kept at
50 °C for 24 h. Compound 1 immobilized substrates were recovered
from the reaction mixture and washed thoroughly first with DMF,
ethanol, and acetone, consecutively, and finally with DI water. After
drying under a stream of nitrogen, the modified glass slides were
stored in a dry container.

ATRP initiator grafted substrates (S4) were kept in the homemade
reactor, monomer 2 (4.716 g, 6 mmol, 1.0 equiv) was added along
with 18 mL of dry DMF, and purged with N2 for 15 min. Then a
mixture of CuBr (214.5 mg, 1.5 mmol, 0.25 equiv) and PMDETA
(259.5 mg, 1.5 mmol, 0.25 equiv) in 12 mL of dry DMF was
transferred. The reactor was immersed in a preheated oil bath at 80 °C
and kept stirring for 8 h. After that, the substrates were carefully
washed with DMF, ethanol, and acetone, consecutively, and finally
with DI water. After drying under a stream of nitrogen, the surface-
modified substrates were stored in a dry container.

Surface Characterizations. The chemical compositions of the
surfaces were determined by X-ray photoelectron spectroscopy (XPS)
using a Kratos AXIS Ultra DLD XPS system equipped with a
monochromatic Al Kα source. Static water contact angles were
measured using a VCA Optima (AST Products, Inc.) system with a
manual controller capable of casting 1 μL of Milli-Q water droplets.
Static contact angles were recorded 5 s after placing the water drop on
the surface. At least five replicate measurements were taken to
calculate the average contact angle. Following reported proce-
dures,32,45 the surface charge density was evaluated. Modified surfaces
were dipped in a 1 wt % solution of fluorescein (Na salt) in deionized
water for 10 min while shaking. Then the slides were thoroughly
rinsed with deionized water, placed in 3 mL of 0.1 wt %
cetyltrimethylammonium chloride in deionized water, and shaken for
20 min to desorb the dye from the surface. The absorbance of the
resultant aqueous solution was measured at 501 nm, after adding 10
vol % of 100 mM aqueous phosphate buffer at pH 8.0. The surface
charge density was calculated using the surface area of the substrate
and the extinction coefficient (77 mM−1 cm−1).32,46,47 This staining
method was also used qualitatively to observe the presence of active
material on the surface using the confocal laser scanning microscopy
(CLSM). For comparison, the same polymerization procedure was
conducted using glass beads instead of glass slides. The grafted
polymer was cleaved from the surface using HF acid, following a
procedure reported in the literature.48 Then the molecular weight was
determined by gel permeation chromatography (GPC). It was
performed with the eluent DMF at a flow rate of 1.0 mL/min at 50
°C on a Varian system equipped with a ProStar 210 pump and a
Varian 356-LC RI detector and three phenogel columns (Phenomenex
Co.) calibrated with narrow dispersed polystyrene standards.

Contact Active Antibacterial Properties. To rule out the
presence of any physically adsorbed material on the surfaces, a
standard diffusion assay was conducted using bacterial lawns of E. coli
(ATCC 25922) and S. aureus (ATCC 25423) grown on tryptic soy
agar. These bacterial strains were used throughout the study. To
determine the antimicrobial activities of immobilized antimicrobial
agent under dynamic contact conditions a modified test method was
used.49 Sterile conical tubes (15 mL) containing 5 mL of tryptic soy
broth (TSB) were inoculated with 15 μL of log-phase cultures of
either E. coli or S. aureus. Modified substrates were sterilized with
ethanol. After drying, they were immersed vertically in the tubes
containing the cultures and incubated at 37 °C with continuous
shaking at 150 rpm. After 24 h, 1.0 mL from each well was serially
diluted with phosphate buffered saline (PBS) and plated on tryptic soy
agar. After incubating 24 h at 37 °C the bacterial colonies were
counted to obtain the colony forming units (CFU). The glass slides in
the conical tubes were carefully rinsed with PBS and stained with
propidium iodide and SYTO 9 (Live/Dead BacLight viability kit, Life
Technology, Carlsbad, CA, U.S.A.). These fluorescent nucleic acid
stains indicate cell viability as a function of membrane integrity.
Healthy cells with intact membranes stain green, while dead or dying
cells with compromised membranes stain red. CLSM was used to

Biomacromolecules Article

DOI: 10.1021/acs.biomac.5b01005
Biomacromolecules 2015, 16, 3336−3344

3338

http://dx.doi.org/10.1021/acs.biomac.5b01005


visualize the samples. ImageJ software was used to calculate the
number cells and CFUs observed from these experiments.
Antibiofilm Activity in Solution. E. coli and S. aureus were

subcultured for purity from a frozen glycerol stock on TSA at 37 °C
and subsequently used to inoculate 50 mL of 10% TSB. The culture
was incubated overnight at 37 °C with gentle shaking (150 rpm).
Sterile MBEC Biofilm Assay plates with 96 well bases (Innovotech,
Edmonton, Canada) were used to test for biofilm formation. In a
typical procedure, 50 mL of the overnight culture was diluted into
sterile 10% TSB for an approximate cell density of 105 CFU/mL to
create the inoculum. Then 150 μL of the inoculum was added to each
well, and the peg lid was securely placed on the plate and sealed with
parafilm. The plate was incubated for 24 h at 37 °C, 110 rpm. A sterile
96-well plate was seeded with various concentrations of 1 (0−500 μg/
mL) in 10% TSB. The MBEC peg lid was rinsed in deionized water
three times and inserted onto the antimicrobial challenge plate. The
plate was incubated at 37 °C and 110 rpm for 24 h. After 24 h, the
biofilm was rinsed in deionized water for 1 min and allowed to dry for
10 min at room temperature. The MBEC peg lid was then stained in
1% crystal violet for 1 min to stain the biofilm and rinsed three times
in fresh deionized water. The peg lid was then treated with 100%
methanol (1 min) to dissolve the crystal violet. Dissolved crystal violet
was then measured at 600 nm with a Power Wave 200 Microplate
Scanning Spectrophotometer (Bio-Tek Instruments, Winooski, VT).
Antibiofilm Activity of the Surfaces. Biofilms were grown on

treated and untreated substrates separately within a flow-through CDC
Biofilm Reactor (CBR, BioSurface Technol., Bozeman, MT, U.S.A.).
CBRs are chemostat reactors that allow a gradual but constant
refreshment of nutrients to facilitate continuous growth of attached
biofilm communities.50,51 The bacteria E. coli was subcultured from a
glycerol stock in 3 g/L tryptic soy broth (TSB, Sigma-Aldrich, St.
Louis, Missouri) at 37 °C. A total of 3 mL of an overnight culture were
used to inoculate the sterile CBR containing 400 mL of 3 g/L TSB.
The CBR was maintained at room temperature with a constant stir
speed of 120 rpm. The flow rate of sterile 3 g/L TSB into the CBR was
maintained at 0.1 mL/min. Biofilms were quantified using a crystal
violet (CV) staining assay. The substrate surfaces were extracted in
duplicate at 1, 2, 4 and 8 days postinoculation. The slides were gently
rinsed with PBS and treated with 1% crystal violet to stain the biofilm
cells. Excess stain was rinsed with deionized water and crystal violet
was extracted with methanol. Cell density of the biofilm was quantified
by measuring the absorbance of crystal violet at 595 nm on a UV-
2450PC UV−vis Spectrophotometer (Shimadzu Corp., Kyoto, Japan).
Evaluation of Biocompatibility. Surface-modified substrates

were equilibrated in centrifuge tubes containing 10 mL of PBS and
0.2 mL of diluted mouse blood (800 μL of blood diluted with 1000 μL
of PBS), following incubation at 37 °C for 1 h. PBS + 0.5% triton
X100 and PBS were used as positive and negative controls,
respectively. The tubes were centrifuged at 1500 rpm for 10 min
and the optical absorbance of the supernatant was measured at 545 nm
on a microplate reader. The hemolysis rate (HR) was calculated as
follows: HR = (AS − AN)/(AP − AN), here AS, AN, and AP are the
optical absorbance of the supernatant of the solution containing
modified glass, the negative control, and the positive control,
respectively. Additionally, in vitro biocompatibility studies were carried
out by utilizing a HDF cell line that was obtained from
Instrumentation Resources Facility, School of Medicine, University
of South Carolina. HDF was propagated using Dulbecco’s modified
Eagle medium (DMEM, Sigma) supplemented with 7.5 mM of L-
glutamine, 1% of penicillin/streptomycin solution, 10% of fetal bovine
serum (complete DMEM). HDF (passage 30) was seeded in 12 wells
of tissue culture polystyrene plates containing different surfaces at a
density of 1 × 104 cells/cm2 in a 1 mL volume of medium and allowed
to proliferate for 96 h at 37 °C in a 10% CO2-modified atmosphere
until 60−70% confluence was reached, as previously described.52

Morphological observations of the HDF after 4 days of in vitro culture
on the different surfaces were made by phase contrast microscopy and
analyzed with Lumenera’s INFINITY ANALYZE software.
The HDF cells grown on different surfaces were fixed with 2% para-

formaldehyde for exactly 10 min. The fixed cells on the different

surfaces were washed twice with PBS and then incubated with Alexa
Fluor 488 Phalloidin antibody (Life Technology) for actin staining
(green) for 60 min at room temperature. After three times of PBS
wash, the surfaces were stained for DNA with 4',6-diamidino-2-
phenylindole (DAPI; blue) for 15 min at room temperature. After
rinsing thoroughly with PBS, the different surfaces were mounted on
glass slides in Dabco (Sigma-Aldrich) and stored at 4 °C. The images
from different surfaces were taken using CLSM.

■ RESULTS AND DISCUSSION

Grafting Antimicrobial Agents on Substrate Surfaces.
Current efforts toward the utilization of renewable resources to
generate useful and functional materials are steadily increas-
ing.53,54 Diterpene resin acids produced largely by pine and
conifer trees constitute a large bulk of biomass that can be
effectively used to make novel materials. QA containing cationic
compounds and polymers derived from these resin acids can act
as highly effective antibacterial agents with remarkable
biocompatibility (i.e., minimal cytotoxicity) toward mammalian
cells.39,41,55 Unlike other small QA compounds, this unusual
activity of the QA abietic acid derivatives is related to the
optimum balance between the hydrophenanthrene ring
skeleton and the quaternary ammonium group. In the current
study, we prepared antimicrobial surfaces using these resin acid-
derived QA cationic compounds. Typically, QA compounds
and polymers have been covalently attached onto various
substrate surfaces such as glass, polymers, paper and metals.56

In the present study, glass slides were used as the substrate
since they are well-known to be inert and biocompatible.
However, it is possible to use the same chemistry for any
substrate with hydroxyl functionality. Two strategies were
followed to develop antimicrobial cationic surface systems. The
surfaces with a monolayer of compound 1 were prepared via
click chemistry between the surface-immobilized azide groups
and the alkyne moiety on compound 1 (Scheme 1a). Efficiency,
versatility, and selectivity of the CuAAC click reaction are
strongly demonstrated in a broad range of fields such as
polymer and materials chemistry,57−59 bioconjugate chemis-
try,60 medicinal chemistry,61 and many other organic
syntheses.62 Furthermore, atom transfer radical polymerization
(ATRP) is a widely utilized and versatile method for controlled
radical polymerization that allows a diverse range of polymers
and architectures to be prepared.63 Surface-initiated ATRP (SI-
ATRP) is commonly used to prepare polymer brushes on
surfaces.64 This method is well explored to prepare antibacterial
surfaces with high control, tunability, and long-term effective-
ness.49 Therefore, SI-ATRP was used in this work to graft
cationic polymers from surfaces, which were modified with the
ATRP initiator (Scheme 1b).
Progress of the reactions were confirmed by determining the

static water contact angle measurements (Figure 2a). Piranha-
treated glass surfaces (S1) were highly hydrophilic and had a
water contact angle of 17°. When AzPTMS was immobilized
(S2), the surface hydrophobicity increased, which was evident
from the contact angle increasing to 85°. These results were in
good agreement with literature.42,45 Subsequent CuAAC click
modification with the QA compound 1 amplified the surface
hydrophilicity, leading to a final contact angle of 68°. Although
there were positive charges on the compound 1 grafted surface
(S3), the contact angle was much higher than that for pristine
glass, which may be attributed to the hydrophilic/hydrophobic
balance between the bulky hydrophenanthrene ring and the
cationic groups. Surface attachment of ATRP initiator resulted
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in a surface (S4) with a contact angle of 60°, which was later
increased to 82° (S5) after the SI-ATRP of the compound 2.
Additionally, XPS revealed the change of surface composition

and the progression of the chemical modifications. The XPS
survey scans illustrated the increase of carbon content and the
appearance of nitrogen on surface S2 and bromine on surface
S5, compared to that of surface S1 (Figure 2b). After the
completion of CuAAC reaction and the SI-ATRP, the carbon
content increased significantly on both surfaces S3 and S5.
Depletion of silane peak intensity also confirmed the formation
of a layer of material on top of the glass surface. XPS did not
detect copper on the surfaces, thus, nullifying the argument that
residual catalysts from surface modifications may have an effect
on bactericidal properties. Also, previous control studies using
copper against different strains of bacteria have not shown
significant amounts of toxicity at low concentrations, indicating
that our resin-acid derived compounds and polymers were
responsible for the antimicrobial properties of the surfaces.39

Grafting of cationic compound 1 and the cationic polymer
resulted in surfaces that bear covalently attached cations. These
cations can be stained with a negatively charged dye such as
fluorescein. It is useful to qualitatively confirm the presence of
cationic groups on surfaces. For the polymer grafted surface,
the stain was visible even to the naked eye, indicating the
increase of cationic groups on surface S5. Figure 2c shows the
CLSM images of different surfaces stained with fluorescein.
The density of QA groups on the glass surfaces was

determined by a colorimetric method which is based on
fluorescent complexation between fluorescein disodium salt and

QA groups, as reported earlier.32,45 It can be envisioned that
not all the cations could be exposed to fluorescein due to steric
crowding, especially on the polymer grafted surface. Therefore,
this method quantifies the “solvent accessible” density of QA
groups on the glass surfaces. Under the given conditions,
fluorescein anions bind to QA groups via charge−charge
interactions. It is assumed that one dye molecule binds with
one QA group. A stronger detergent such as cetyltrimethy-
lammonium chloride can be used to remove the bound
fluorescein from the surface. The stain can then be quantified
by measuring the absorbance at 501 nm, which is characteristic
to fluorescein. There were approximately 0.5 cationic groups
per nm2 on the surface S3. Surface S5 had a cationic group
density of 6.3/nm2. Grafting density was approximated to 0.13/
nm2, with respect to the molecular weight obtained from the
cleaved polymer, which was Mn,GPC = 39400 g/mol.

Contact Active Antibacterial Activity of the Surfaces.
In this work, we observed strong bactericidal effects upon
contact of bacteria with QA resin acid derived cationic surfaces.
It was found that there was no observable leakage of materials
from the surfaces demonstrated by standard diffusion assays.
The CLSM images (Figure 3) show the development of S.

aureus and E. coli cells on surfaces after 24 h incubation with
surfaces S1, S3, and S5. The Live/Dead kit used for this
viability assay consists of two stains: propidium iodide (PI) and
SYTO 9, both of which stain nucleic acids. Green-fluorescing
SYTO 9 is able to enter all cells live or dead and is used for
assessing total cell counts, whereas red fluorecing PI enters only
cells with damaged cytoplasmic membranes (e.g., dead cells).
Therefore, bacteria observed from CLSM must result from
pronounced growth on pristine glass surface.
However, the number of cells attached to the surface

remarkably reduced when the compound 1 was grafted
(Figures 3 and 4a,b). This is possibly an antiadherence
property of these QA surfaces. Compared to S1, there is an
86% reduction of attached S. aureus cells and 47% reduction of
attached E. coli cells on S3. Interestingly, S3 showed prominent
bactericidal properties, observed in red-fluorescent cells (i.e.,
having compromised cell membranes). The modification with
QA compound 1 resulted in a 61% loss in S. aureus viability and
49% in E. coli viability (Figure 4c,d). Further, surfaces with QA
polymer prepared by SI-ATRP also exhibited a similar trend.
However, the antibacterial activity was much higher in terms of

Figure 2. Surface characterizations. (a) Static water contact angles on
various modified surfaces. (b) XPS survey spectra. (c) CLSM images
of surfaces stained using fluorescein. S1, pristine glass; S2, azide-
grafted; S3, compound 1-grafted; S4, ATRP initiator-grafted; and S5,
polymer-grafted.

Figure 3. Stained (Live/Dead stain) surfaces after 24 h incubation
with (a) S. aureus and (b) E. coli. Green cells indicate live bacteria
colonizing the surface, while dead cells appear in red color. S1, pristine
surface; S3, compound 1-grafted; and S5, polymer-grafted.

Biomacromolecules Article

DOI: 10.1021/acs.biomac.5b01005
Biomacromolecules 2015, 16, 3336−3344

3340

http://dx.doi.org/10.1021/acs.biomac.5b01005


bactericidal as well as antibiofilm properties. There was a 94%
reduction of S. aureus cells and a 59% reduction of E. coli cells
attached on S5, compared to S1. After incubation, most of the
cells located on S5 fluoresced red, indicating membrane
damage with 70% of S. aureus cells and 69% of E. coli cells.
In comparison with the results of S3, there was a notable
increase in bactericidal activity of S5 against both S. aureus and
E. coli. In addition, the modified glass surfaces were more
bactericidal against Gram-positive S. aureus than they were
against Gram-negative E. coli. This may be attributed to the
bacterial cell envelope structural difference where Gram-
negative E. coli has an additional outer membrane.
These cationic surfaces were able to kill planktonic bacterial

cells that came in contact with them. This phenomena was
probed from CFU counts of the liquid bacterial media
incubated in contact with the modified surfaces. S. aureus
showed more susceptibility against both surfaces S3 and S5
with 84% or more reduction of CFU (Figure 4e,f). However, E.

coli cells were less affected by the cationic surfaces resulting
with the highest inhibition of 74% CFU in contact with S5
relative to control S1.

Antibiofilm Properties. It has been demonstrated that QA
compounds can effectively eradicate bacterial biofilm forma-
tion.65 Since the material in this study showed strong
antibacterial activities, a CDC bioreactor was used to study
long-term antibiofilm activity. In most studies, relatively short
periods of time (<1 day) are used to study biofilm growth on
cationically modified surfaces. However, given that bacteria are
dynamic and can adapt to their environment, we conducted
experiments over longer periods of time. The results of the
antimicrobial challenge assay indicated that compound 1 has
strong antibiofilm activity. The lowest concentration of
compound 1, which prevented the growth of previously
established S. aureus or E. coli biofilms on the pegs of the
antimicrobial challenge plate, was 250 μg/mL. This was
determined by measuring the mass of biofilm on each peg

Figure 4. Antibacterial activity of the modified surfaces after 24 h: (a, b) Number of cells on the surface; (c, d) Percentages of live or dead cells on
the surfaces; (e, f) Percentages of CFU obtained for the bacterial cultures exposed to surfaces. S1, pristine surface; S3, compound 1-grafted; and S5,
polymer-grafted.

Biomacromolecules Article

DOI: 10.1021/acs.biomac.5b01005
Biomacromolecules 2015, 16, 3336−3344

3341

http://dx.doi.org/10.1021/acs.biomac.5b01005


indirectly with dissolved crystal violet. The results for
antibiofilm activity of modified surfaces conducted with the
CDC bioreactor are summarized in Figure 5. It should be noted

that the model systems used for surface antimicrobial activity
and antibiofilm properties are quite different, hence a direct
comparison would not be meaningful. It is obvious that the
unmodified surface S1 showed prominent and gradual growth
of bacterial biofilm on the surface. However, QA-attached
surfaces exhibited reduced growth of biofilm on them. For
example, S3 with a monolayer of compound 1 showed 77% less
S. aureus biofilm biomass at 2 days of incubation and S5 with
QA polymer demonstrated a 64% reduction of biofilm
compared to the untreated glass S1. The cationic surfaces
were more effective toward S. aureus biofilm growth compared
to E. coli. This can be expected because the QA compounds
have shown to be more antimicrobial toward Gram-positive
bacteria. Over 8 days, S3 and S5 demonstrated slow growth of
biofilms, which was significantly less than that of the pristine
surfaces. A similar or higher amount of biofilm on QA polymer-
coated surface may be attributed to the fact that the increased
surface area/roughness provided by the grafted polymer may
have more attachment sites.
The complicated process of biofilm formation is initially

governed by physiochemical interactions between the bacterial
cells and the target surface. Therefore, surface chemical
composition, charge, hydrophobicity and contour act as
primary factors in the success or failure of colony initiation
on a surface.21,22 Antibacterial surfaces may deactivate any
planktonic cells that successfully interact with the surface,
hence, preventing the next stages of biofilm formation. We
postulated that the reduction in bacterial growth was the result
of two possible mechanisms (Figure 6). First, the cells are killed
upon contact with the polymer and, therefore, cannot readily
establish a biofilm. Second, the attachment of bacterial cells on
the surface is reduced due to unfavorable surface properties
such as charge and hydrophilic/hydrophobic balance. The
antibacterial and antibiofilm assay results of this study indicated
that the surface modification procedure induces both
mechanisms.
Biocompatibility of the Surfaces. In our earlier report, it

was demonstrated that QA decorated abietic acid compounds
and polymers are highly biocompatible while showing strong
antimicrobial properties.41 Here, additional biocompatibility
evaluations were carried out for the modified surfaces utilizing

hemolysis activity assays and surface cell growth assays. The
hemolysis on chemically modified glass surfaces indicated a
high degree of biocompatibility (i.e., noncytotoxicity). Un-
modified glass is known to have a negligible hemolytic effect.
The hemolysis level of S3 was found to be <4%. The polymer-
grafted glass S5 resulted in insignificant hemolysis (<0.1%).
Interestingly, the cationic surfaces showed improved prolifer-
ation of fibroblast cells. HDF cell proliferation over 4 days
(Figure 7) showed continuous increase of cell density on the
cationic surfaces.

Figure 8 shows the fluorescence microscopy and phase
contrast images of the fibroblast cells grown on surfaces S1, S3,
and S5. HDF cells were attached and spread well, with typical
cell morphologies on surfaces S3 and S5. However, surface S1
did not show pronounced growth when compared to surface S3
or S5.
After 2 days of seeding, cells changed their shape and began

to spread. Cells on surfaces S3 and S5 had stretched out many
filopodia, and most of them had further extended to be
triangles and polygons, while the cells on surface S1 spread to
be flat with no or less ejection of filopodia. There was a
difference in reaching confluence of the HDF cells within the
different surfaces. Confluence of the HDF cells was observed
on surfaces S3 and S5. There was a difference in cell
proliferation on the surfaces, which was indicated by the
varying extents of cell spreading observed on different surfaces.
The surface S5 was highly cell-adhesive. HDF, when attached
to S5, proliferated to mature fibroblasts by extending their
filopodia and having a branched cytoplasm surrounding their
speckled nucleus. It was interesting to observe an improved

Figure 5. Amounts of E. coli and S. aureus biofilm biomass
accumulated on the surfaces after incubating in the CDC bioreactor.
S1, pristine surface; S3, compound 1-grafted; and S5, polymer-grafted.

Figure 6. Comparison of antimicrobial mechanisms of the QA surfaces
(left) and pristine surface (right). Resin acid containing cationic
surfaces may act as a bactericidal and bacterial repelling coating.

Figure 7. Amount of HDF cells proliferated on the surfaces. S1,
pristine surface; S3, compound 1-grafted; and S5, polymer-grafted.
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proliferation of human fibroblast cells on the cationic surfaces,
which have been similarly reported in earlier studies,66,67 stating
that cationic surfaces promote fibroblast spreading, prolifer-
ation, and extracellular matrix production.

5. CONCLUSIONS
In conclusion, we have developed a simple and effective
method to prepare antimicrobial surfaces using resin acid
derived cationic compounds and polymers. The cationic
compound 1 and polymer grafted surfaces showed strong
antimicrobial activity against the bacteria, S. aureus and E. coli.
The surfaces were more active against Gram-positive (i.e., S.
aureus) bacteria. The surfaces were resistant to biofilm growth
for longer durations of time, as demonstrated by the CDC
bioreactor assay. In addition, biocompatibility of surfaces was
proven to be excellent, as demonstrated by hemolysis assays
and HDF growth assays. These contact active coatings may be
used to modify relevant surfaces to actively eliminate infectious
microorganisms by destroying planktonic cells as well as
controlling their biofilm growth. Therefore, this work presents a
promising approach for the incorporation of renewable
resources for developing surfaces that can control the spread
of infectious diseases.
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